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SUMMARY  

Lignocellulosic biomass is an abundant byproduct from cereal crops that can potentially be 

valorized as a feedstock to produce biomaterials. Zea mays CINNAMYL ALCOHOL 

DEHYDROGENASE 2 (ZmCAD2) is involved in lignification and is a promising target to 

improve the cellulose-to-glucose conversion of maize stover. Here, we analyzed a field-grown 

zmcad2 Mutator transposon insertional mutant. Zmcad2 mutant plants had an 18% lower 

Klason lignin content whereas their cellulose content was similar to that of control lines. The 

lignin in zmcad2 mutants contained increased levels of hydroxycinnamaldehydes, i.e., the 

substrates of ZmCAD2, ferulic acid, and tricin. Ferulates decorating hemicelluloses were not 

altered. Phenolic profiling further revealed that hydroxycinnamaldehydes are partly converted 

into (dihydro)ferulic acid and sinapic acid and their derivatives in zmcad2 mutants. Syringyl 

lactic acid hexoside, a metabolic sink in CAD-deficient dicot trees, appeared not to be a sink in 

zmcad2 maize. The enzymatic cellulose-to-glucose conversion efficiency was determined after 

ten different thermochemical pretreatments. Zmcad2 yielded significantly higher conversions 

compared to controls for almost every pretreatment. However, the relative increase in glucose 

yields after alkaline pretreatment was not higher than the relative increase when no pretreatment 

was applied, suggesting that the positive effect of the incorporation of 

hydroxycinnamaldehydes was leveled off by the negative effect of reduced p-coumarate levels 

in the cell wall. Taken together, our results reveal how phenolic metabolism is affected in CAD-

deficient maize and further support mutating CAD genes in cereal crops as a promising strategy 

to improve lignocellulosic biomass for sugar-platform biorefineries. 
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INTRODUCTION 

The consumption of finite fossil resources and its consequences on global climate change 

highlight the need for alternative renewable feedstocks, such as plant biomass (van der Weijde 

et al., 2013; Vanholme et al., 2013a). Cereal grasses (e.g., maize, wheat, rice, and sorghum) are 

particularly interesting as they can be cultivated as dual-purpose crops, on the one hand for the 

production of cereals as food, and on the other hand for the production of straw or stover as 

feedstock for cellulosic glucose production (Vermerris et al., 2007). A major challenge in 

developing a cost-effective cellulosic glucose production platform is the improvement of the 

saccharification efficiency of lignocellulosic biomass (Carroll and Somerville, 2009; Torres et 

al., 2016). Lignin, an aromatic polymer of plant cell walls, is a prime component responsible 

for biomass recalcitrance to enzymatic hydrolysis. In grasses, lignin can represent 20% or more 

of the biomass (Halpin, 2019). Because lignin covers the cellulose microfibrils, it hinders the 

saccharification enzymes (cellulases) from accessing the cellulose surface. In addition, 

saccharification efficiency is negatively influenced by the unspecific absorption of cellulases 

onto the lignin polymer (Mansfield et al., 1999; Jørgensen et al., 2007). Consequently, the 

saccharification efficiency can be increased by lowering the lignin amount or by changing its 

structure (Vanholme et al., 2012a; Vanholme et al., 2008; Zeng et al., 2014).  

Maize is a staple crop in many regions of the world. In addition, maize is used as a model 

system to study biological processes (Hake and Ross-Ibarra, 2015). Lignin biosynthesis is 

relatively well-studied in maize, and involves the biosynthesis of three main canonical 

monolignols, p-coumaryl, coniferyl, and sinapyl alcohol. Portions of these alcohols are further 

esterified to either acetate or p-coumarate, resulting in mainly coniferyl acetate and sinapyl p-

coumarate (Hatfield et al., 2009; Lan et al., 2015; Lu and Ralph, 1999; Marita et al., 2014). In 

addition, the flavone tricin is a natural lignin monomer in maize (Eloy et al., 2017; Fornalé et 
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al., 2017; Lan et al., 2015; Lan et al., 2016). After the biosynthesis of these monomers in the 

cytoplasm and their translocation to the apoplast, putatively through diffusion (Vermaas et al., 

2019), the monomers are oxidized by peroxidases and/or laccases, resulting in monolignol 

radicals that combinatorially couple to each other and to the growing lignin polymer. Hereby, 

p-coumaryl alcohol gives rise to p-hydroxyphenyl (H) units, coniferyl alcohol and its esters to 

guaiacyl (G) units, and sinapyl alcohol and its esters to syringyl (S) units (Boerjan et al., 2003; 

Freudenberg, 1959; Vanholme et al., 2013b; Vanholme et al., 2010a). The incorporation of 

tricin results in tricin (T) units (del Río et al., 2012; Eloy et al., 2017; Fornalé et al., 2017; Lan 

et al., 2015). 

The last step in the biosynthesis of p-coumaryl, coniferyl, and sinapyl alcohols is 

catalyzed by CINNAMYL ALCOHOL DEHYDROGENASE (CAD), which reduces 

hydroxycinnamaldehydes into their corresponding alcohols (Mansell et al., 1974; Morrison et 

al., 1994). Considering the importance of CAD for lignin formation in plant cell walls, mutants 

and transgenic plants with reduced CAD activity have been thoroughly investigated in pine 

(Ralph et al., 1997; Wu et al., 1999) and many dicot species such as Arabidopsis (Sibout et al., 

2005), tobacco (Bernard Vailhé et al., 1998; Chabannes et al., 2001; Halpin et al., 1994), alfalfa 

(Baucher et al., 1999), poplar (Baucher et al., 1996; Ralph et al., 2001; Van Acker et al., 2017), 

eucalyptus (Valério et al., 2003), and mulberry (Yamamoto et al., 2020), and monocot species 

such as maize (Fornalé et al., 2012; Halpin et al., 1998), sorghum (Porter et al., 1978; Pillonel 

et al., 1991; Saballos et al., 2008; 2009; Sattler et al., 2009; Scully et al., 2016), switchgrass 

(Fu et al., 2011; Saathoff et al., 2011), rice (Koshiba et al., 2013; Martin et al., 2019; Zhang et 

al., 2006), tall fescue (Chen et al., 2003), and Brachypodium (Bouvier d’Yvoire et al., 2013; 

Trabucco et al., 2013). 

In maize, ZmCAD2 is one of the CAD family members involved in lignification. Mutants 

in ZmCAD2 were first discovered by their brown leaf midribs, after which the mutants were 
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named brown midrib 1 (bm1) (Eyster, 1926; Kuc and Nelson, 1964; Chen et al., 2012). 

Intriguingly, the incorporation of hydroxycinnamaldehydes into the lignin polymer, a hallmark 

for CAD deficiency in many plants, has either not been unambiguously proven to be increased 

in ZmCAD2-deficient maize (Halpin et al., 1998; Provan et al., 1997), or appeared at much 

lower levels in ZmCAD2-deficient maize than in CAD-deficient plants of other species (Barrière 

et al., 2013; Marita et al., 2003; Provan et al., 1997). We therefore questioned whether the 

hydroxycinnamaldehydes, i.e. the CAD substrates, have another metabolic fate in ZmCAD2-

deficient maize. 

In general, the perturbation of CAD results in moderate reductions in lignin amount and 

causes the incorporation of hydroxycinnamaldehydes into the lignin, leading to a lignin polymer 

with an altered composition and structure (Ralph et al., 2001) typified by an increased 

frequency of free phenolic units (Lapierre et al., 1999). Depending on the plant species and 

pretreatment used, a reduced CAD activity results in an improved cell wall saccharification 

yield (Anderson et al., 2015; Fornalé et al., 2012; Fu et al., 2011; Van Acker et al., 2017). 

RNAi-mediated, CAD-downregulated maize had an 8% higher cellulosic ethanol production as 

compared to controls (Fornalé et al., 2012) and preliminary enzymatic saccharification 

experiments showed a 40% increase in glucose yield of bm1 (in the inbred A619 background) 

as compared to its control (Vermerris et al., 2007). However, the exact cause for this increased 

conversion efficiency is not known. Lignin amount is known to negatively correlate with 

enzymatic cellulose hydrolysis (Mechin et al., 2000; Chen and Dixon, 2007; Van Acker et al., 

2013; van der Weijde et al., 2016; Ostos Garrido et al., 2018). In addition, structural elements 

in the cell wall that interfere with alkaline pretreatment could further explain the observed 

increase in cellulosic hydrolysis (Fornalé et al., 2012). For instance, the incorporation of 

hydroxycinnamaldehydes introduces conjugated carbonyl functions into the lignin, which 

facilitates the cleavage of 8–O–4 ether structures under alkaline conditions (Van Acker et al., 
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2017). An alkaline pretreatment also hydrolyzes ferulates esterified to arabinoxylans of which 

a portion is cross-linked to lignins, thereby loosening the cell wall (Jung, 2003; MacAdam and 

Grabber, 2002). In addition, the p-coumarates decorating the maize lignin that make up to 20% 

(by weight) of the lignin are hydrolyzed in alkaline pretreatments (Hatfield et al., 2008; 

Lapierre, 2010; Li et al., 2015; Ralph, 2010; Ralph et al., 1994). Also a high frequency of free 

phenolic ends in the lignin has been shown to improve saccharification efficiency after alkaline 

pretreatment (Elumalai et al., 2012; Eudes et al., 2014; Grabber et al., 2008; Grabber et al., 

2010; Lapierre, 2010; Zhang et al., 2012). To obtain insights into the parameters determining 

improved cellulose conversion, we tested the saccharification ability of zmcad2 lignocellulosic 

biomass after a series of neutral, acid and alkaline pretreatments. 

In our study, all analyses were performed on the field-grown Ev2210bm1 ZmCAD2-

deficient Mutator transposon insertional mutant Zmcad2-m2210::Mu, hereafter called zmcad2, 

and its control (Barrière et al., 2013). Zmcad2 mutants have a transposon insertion in the 

ZmCAD2-coding sequence, resulting in an inactive, truncated ZmCAD2 protein (Barrière et al., 

2013). Zmcad2 lines displayed the hallmarks of bm1 mutants, including a brown midrib 

phenotype (Barrière et al., 2013).  

RESULTS 

Altered lignin composition in zmcad2 mutants 

Field-grown zmcad2 mutants and controls were harvested at silage stage. After removing the 

cobs, the remaining lignocellulosic biomass (stems and leaves) was analyzed for lignin and 

cellulose content. The cell wall residue (CWR) fraction, obtained after extraction of the solubles 

from the biomass, was slightly reduced for zmcad2 compared to control samples (Table 1). The 

total amount of cellulose (α-cellulose) in the CWR and the fraction of crystalline cellulose in 

zmcad2 were similar to those in controls (Table 1). The zmcad2 mutant had an 18% lower 
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Klason lignin content (Table 1), which was in the same range as the previously reported 

decreased portion of lignin in the internodes of the bm1 mutant (-20%) (Halpin et al., 1998). 

On the other hand, zmcad2 was previously reported to have only a modest Klason lignin 

reduction (-6%) in whole plants (Barrière et al., 2013). This discrepancy is most likely due to 

the fact that the plants were grown in independent experiments, in different growth years. 

The lignin composition was analyzed via thioacidolysis, which cleaves 8–O–4 ether bonds 

and some ester bonds, thereby releasing phenolic moieties that are not linked via carbon-carbon 

inter-unit linkages (Figure 1). The released moieties were derivatized via trimethylsilylation 

prior to GC-MS analysis. The amounts of H, G, and S units released via thioacidolysis and 

expressed per unit of lignin, were all decreased to a similar extent in zmcad2 mutants as 

compared to control plants (-36%, -35%, and -37%, respectively; Table 1). Different from the 

results reported by Barrière et al. (2013), where the S/G ratio increased from about 1.13 in 

control to 1.26 in zmcad2, the S/G ratio was found to be about 1.2 for both genotypes in this 

independent growth. Also in bm1 mutants, the thioacidolysis-based S/G ratio was not different 

from its control (Halpin et al., 1998). 

Thioacidolysis also released markers for the incorporation of coniferaldehyde, 

sinapaldehyde, vanillin, and syringaldehyde. For coniferaldehyde, G dithioketal and G indene 

structures were detected (Figure 1). G dithioketal structures are derived from 4–O coupled 

coniferaldehyde units, i.e., in which coniferaldehyde acted as starting units for polymerization. 

These structures were increased by 151% in zmcad2 mutants as compared to the control (Table 

1). G indene structures are markers for 8–O-coupled coniferaldehyde, i.e., in which 

coniferaldehyde is linked via its 8-position to the 4–O-position of a growing lignin polymer 

(Kim et al., 2002). In line with the results of Barrière et al. (2013), G indenes were below the 

detection limit in control samples, but were readily detected in the zmcad2 samples. The S 

dithioketal structures, which could theoretically be formed from 4–O-coupled sinapaldehyde 
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units, remained below the detection limit in both zmcad2 mutants and control samples. 

However, S indenes, markers for the incorporation of 8–O-coupled sinapaldehyde, increased 

substantially (about 20-fold) in zmcad2. Moreover, vanillin dithioketal and syringaldehyde 

dithioketal, markers for incorporation of 4–O-coupled vanillin and syringaldehyde, were 

increased by 212% and 233%, respectively (Figure 1, Table 1). 

Finally, thioacidolysis also released markers for the incorporation of p-coumaric acid and 

ferulic acid, and their respective esters. p-Coumaric acid is mainly present in the maize cell wall 

as p-coumarate esters decorating the lignin, and to a lesser extent also decorating arabinoxylan 

(Lapierre et al., 2018). The abundance of p-coumarate in the cell wall could be determined via 

two products released via thioacidolysis (Figure 1). The first product is p-coumaric acid itself 

(pCA-I), which was significantly reduced by 27% in zmcad2 mutants as compared to the 

control. The second product is the ethanethiol addition product of p-coumaric acid (pCA-II), 

which showed a trend to be lower in zmcad2 compared to the control (p-value=0.095). In maize, 

ferulic acid is mainly found as esters decorating arabinoxylans and to a lower extent as 

conjugate esters in the lignin polymer, as part of coniferyl and sinapyl ferulate derived units 

(Ishii, 1991; Karlen et al., 2016; Ralph et al., 2019; Terrett and Dupree, 2018). In addition, low 

levels of ferulic acid may also act as a genuine lignin monomer (Ralph et al., 2008). The amount 

of ferulate esters could be determined via two products released via thioacidolysis; as ferulic 

acid (FA-I) and as the ethanethiol addition product of ferulic acid (FA-II). The abundance of 

neither of these products was changed in zmcad2 as compared to the amount in control samples. 

The incorporation of ferulic acid as a monomer in the lignin polymer could be determined via 

the release of 7,8,8-trithioethyl ethylguaiacol (i.e., AG, also known as the CCR marker) that 

derives from bis-8–O–4 coupled ferulic acid (Leplé et al., 2007; Mir Derikvand et al., 2008; 

Ralph et al., 2008). Its abundance increased about 5-fold in zmcad2 (Table 1). We also searched 

targeted on thioacidolysis-derived products from sinapic acid, but these remained under the 
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detection limit. In summary, thioacidolysis showed that the mutation of ZmCAD2 resulted in 

changes in lignin composition beyond the incorporation of hydroxycinnamaldehydes. 

To further investigate changes in the chemical structure of lignin, 2D 1H–13C correlation 

heteronuclear single-quantum coherence (HSQC) NMR analysis was performed on the enzyme 

lignins (ELs) isolated from zmcad2 and control samples (Figure 2, Table S1). The signals from 

H units co-appear with those of phenylalanine (Kim et al., 2017). After correction for the 

presence of phenylalanine, H units were found to be present only at trace levels in both control 

and zmcad2 samples. The relative amount of coniferaldehyde endgroups (X2G′) increased by 

74% in zmcad2 samples, whereas sinapaldehyde endgroups (X2S′) were below detection limit. 

The increase in X2G′ and absence of X2S′ is in line with the results obtained via thioacidolysis. 

Notably, the relative amount of S* units (Figure 2) in zmcad2 samples increased by 121%. 

Because these alpha-keto functionalities are thought to be derived from S units during the ball-

milling process (Holtman et al., 2006), their increase could indicate that zmcad2 lignin is more 

prone to oxidation than wild-type lignin. The S/G ratio (including aldehydes) slightly decreased 

from 0.97 in the control to 0.91 in zmcad2. 

The aromatic region of the HSQC spectra also showed signals of p-coumarate and tricin. 

Their signal intensities were expressed relative to the sum of those of S, S*, G and X2G′. The 

relative abundance of p-coumarate increased slightly (~5%) in zmcad2 compared to control 

samples. This indicates that a higher proportion of the units derived from coniferyl and sinapyl 

alcohol are decorated with p-coumarate. Nevertheless, as the total amount of lignin is reduced 

by about 18% in zmcad2, the absolute level of p-coumarate in the cell wall is reduced in these 

mutants. In line with the fact that most ferulates decorate arabinoxylans, ferulates were not 

detected in ELs in which the hemicellulose fraction is largely removed. The bis-8–O–4 coupled 

ferulic acid (De Meester et al., 2018; Ralph et al., 2008) was below the detection limit. Finally, 
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the relative abundance of tricin was increased by 40% in zmcad2 as compared to control 

samples. 

The oxygenated-aliphatic region provides structural details on the distribution of interunit 

linkage types present in the ELs (Figure 2B). The relative abundance of monolignol-derived β-

aryl ether (β–O–4, A), phenylcoumaran (8–5, B) and resinol (8–8, C) structures were about 

83%, 7% and 10%, respectively in both zmcad2 and control samples. NMR indicated that 

cinnamyl alcohol end groups, including those part of p-coumarate and acetate esters (X1+X1′) 

were slightly reduced (~7%) in zmcad2. The reduction of these end-groups, which are lignin 

polymer initiation sites, is in line with the observations that the relative abundance of 

coniferaldehyde (X2G′) and tricin initiation sites increased. 

The aldehyde region of the HSQC spectra shows the aldehyde functionalities in various 

inter-monomeric and end-unit linkage types in the lignin (Figure 2C). Coniferaldehyde and 

sinapaldehyde both coupled via their 8-position onto the 4–O position of S units to form G′(8–

O–4)S and S′(8–O–4)S structures, respectively. In addition, sinapaldehyde coupled via its 8-

position onto the 4–O position of G units to form S′(8–O–4)G structures. Signals from these 

three structures were clearly observed in zmcad2 ELs, whereas they were not detected in control 

samples. It has been proven that coniferaldehyde does not 8–O–4-cross-couple with G units 

(Ralph et al., 2019). In line with this, no G′(8–O–4)G structures could be detected. In addition, 

the 8–8-cross-coupled homodimeric or heterodimeric coniferaldehydes and sinapaldehydes 

(G′(8–8)G′, S′(8–8)G′, G′(8–8)S′ and S′(8–8)S′) were not detected in either zmcad2 or control 

samples. The signals from vanillin (V) and syringaldehyde (SA) end-groups were difficult to 

untangle. We therefore integrated the combined signal that corresponds to V+SA. The relative 

contribution of V+SA decreased by 51% in zmcad2 compared to the control. 

Zmcad2 mutants accumulate feruloyl and sinapoyl hexose conjugates 
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The total amount of lignin was reduced in zmcad2, and only minor amounts of 

hydroxycinnamaldehydes were incorporated. If the aldehydes are not all incorporated into the 

lignin of zmcad2, into what are they metabolized? To answer this question, we investigated the 

impact of perturbation of ZmCAD2 on the phenolic metabolism of the ear internode via LC-

MS-based metabolic profiling. A total of 5948 peaks was detected in the samples. To identify 

those metabolites that were most affected by the zmcad2 mutation, we performed an untargeted 

analysis. Therefore, we selected peaks that were highly abundant, highly differential (at least 

10-fold), and for which the difference in abundance between zmcad2 and control was highly 

significant. The stringent selection criteria resulted in a total of 12 and 51 peaks with a lower 

and higher intensity, respectively, in zmcad2. The 12 peaks with a lower intensity could be 

assigned to 11 compounds of which seven could be structurally annotated (Table 2, Figure 3 

and Figure S1). Compounds 1 and 2 were both trilignols, small lignin precursors, and their 

reduced abundance in zmcad2 is in line with the observed reduced lignin amount in these 

mutants. In addition, compounds 3, 4, and 5 were hexosylated coupling products of coniferyl 

alcohol and sinapyl alcohol. Because coniferyl and sinapyl alcohol are direct products of CAD, 

the reduced abundance of their coupling products 1-5 in zmcad2 mutants is most likely a direct 

consequence of reduced CAD activity. In addition, also vanilloyl pentosyl hexose 6 and tricin 

decorated with hexuronic acid, pentose and syringic acid 7 were reduced in abundance.  

The 51 peaks with increased intensity in zmcad2 could be assigned to 43 compounds of 

which 29 could be (partially) structurally annotated (Table 2, Figure 3 and Figure S1). Five 

compounds with an increased abundance in zmcad2 had a feruloyl hexose moiety (8-11 and 33) 

and 22 compounds had a sinapoyl hexose moiety (12-33). In general, compounds with a ferulic 

acid and sinapic acid moiety point to new metabolic sinks by re-routing the metabolic flux 

through the pathway. Moreover, a vanillic acid conjugate 34, hydroxybenzoyl hexose 35 and a 

tricin derivative 36 were annotated among the compounds with increased abundance. 
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Oligolignols composed of coniferyl and sinapyl alcohols were reduced, whereas those with 

one sinapaldehyde unit were increased in abundance in zmcad2 mutants 

The untargeted metabolite analysis revealed that the abundances of trilignol 1 and 2 were 

strongly reduced in zmcad2 samples. These trilignols are only two members of the large 

oligolignol metabolic class (Morreel et al., 2010a; Morreel et al., 2010b). To gain insight in 

how the zmcad2 mutation influenced the abundance of other oligolignols, we performed a 

targeted metabolite analysis (Table 3, Figure 3). Based on m/z, retention time and MS/MS 

fragmentation, we characterized 17 oligolignols that were coupling products of (acylated) 

coniferyl alcohol and (p-coumaroylated) sinapyl alcohol (37-49). In addition, we found 

oligolignols in which tricin was linked to one or two (acetyl) coniferyl alcohol units (52-59). In 

line with the reduced flux towards coniferyl alcohol and sinapyl alcohol in zmcad2 mutants, all 

these oligolignols were significantly reduced in abundance to levels between 77% and 1% of 

the level in the control samples. Also two coupling products of tricin and p-coumaryl alcohol 

(50 and 51) were found. Their abundance was not significantly different between zmcad2 and 

control samples (p-value=0.41 and 0.70, respectively). 

Next, we searched for oligolignols with hydroxycinnamaldehyde units. The MS/MS 

spectra of oligolignols in which coniferaldehyde is linked via its O–4 position into an 8–O–4 

linkage, are typified by m/z 177 and m/z 162 fragments with a high intensity (Figure S2). Based 

on this characteristic, we could annotate three trilignols that contained coniferaldehyde (60-62). 

Similarly, oligolignols with an 8–O–4-linked sinapaldehyde unit are typified by m/z 192 and 

m/z 207 fragments. As such, four sinapaldehyde containing oligolignols were found (63-66). In 

addition, we could also detect S'(8-8)S' 67 based on m/z and retention time similarity with data 

from an earlier report (Van Acker et al., 2017). No oligolignols in which p-coumaraldehyde 

linked via its O–4 position into an 8-O–4 linked unit were found, based on a search for MS/MS 

spectra with m/z 147 fragments. Although one of the three coniferaldehyde-containing trilignols 
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(60) was not significantly different in abundance (p-value=0.41), the two others (61 and 62) 

were reduced in abundance to 13% and 19% of the levels in the control (p-value<0.01). A 

decreased abundance of 61 and 62 can partly be explained because the total pool of oligolignols 

that contain coniferyl alcohol and sinapyl alcohol and their acetate and p-coumarate esters is 

reduced (as in 37-49 and 52-59). Three oligolignols with a sinapaldehyde unit were increased 

2.8- to 6.7-fold, as compared to control (p-value<0.01) (63-65). Oligolignol 66 also contained 

one sinapaldehyde unit and was increase 16-fold in zmcad2, but at a lower significance level 

(p-value=0.016). Moreover, the dilignol composed out of two sinapaldehyde units, S'(8-8)S' 67 

was below the detection limit in control, but was detected in all zmcad2 samples. Taken 

together, the oligolignol-targeted metabolomics showed that the abundances of oligolignols 

solely made up from coniferyl alcohol and sinapyl alcohol (and their acylated forms) were 

reduced, those that contained coniferaldehyde were either reduced or did not change, and those 

that contained sinapaldehyde were increased in zmcad2 internodes. 

Hexosylated dihydroferulic acid accumulated in zmcad2, whereas hexosylated syringyl 

lactic acid did not 

Several metabolites with a ferulic acid and sinapic acid moiety (8-33) accumulated in the 

zmcad2 mutants. Metabolites of these compound classes also accumulated in CAD-deficient 

tobacco (Nicotiana tabacum), Arabidopsis, poplar and mulberry (Dauwe et al., 2007; Thévenin 

et al., 2011; Van Acker et al., 2017; Vanholme et al., 2012b; Yamamoto et al., 2020). In CAD-

deficient poplar and mulberry, hexose-linked dihydroferulic acid and syringyl lactic acid were 

also found to accumulate (Van Acker et al., 2017; Yamamoto et al., 2020). To investigate if 

these metabolites also accumulated in zmcad2, we performed a targeted metabolite search. 

Hexosylated dihydroferulic acid increased over 5-fold in zmcad2 as compared to control (Table 

3). For syringyl lactic acid hexoside, a low signal was found at 3.14 min with m/z 403.1238, 
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which differed 2.00 ppm from the calculated m/z 403.1246. There was no MS/MS spectrum 

available, so its characterization remains highly uncertain. The intensity of the signal was 

increased by 42% (p-value=0.02). For comparison, in CAD-deficient poplar and mulberry, 

syringyl lactic acid hexoside was increased 8,650 and 27-fold, respectively (Van Acker et al., 

2017; Yamamoto et al., 2020). 

CAD downregulation improves saccharification efficiency 

To estimate the effect of the zmcad2 mutation on the enzymatic cellulose-to-glucose conversion 

efficiency, we subjected zmcad2 biomass to saccharification assays. Furthermore, to test the 

influence of the altered lignin structure in zmcad2 mutants on cell wall reactivity and solubility, 

we subjected the biomass to different thermochemical pretreatments. The biomass was 

subjected to either hot water (98°C), sulfuric acid (H2SO4; 0.4M), hydrochloric acid (HCl; 1M), 

ammonium hydroxide (NH4OH; 1M) or sodium hydroxide (NaOH; 6.25, 12.5, 25, 50, 62.5, or 

150mM) pretreatment. For both lines, the residual biomass after pretreatment was highest for 

the samples that were not pretreated, and lowest for samples pretreated with acids (Figure 4). 

When applying pretreatment with NaOH, an inverse trend of relationship between residual 

biomass recovery and pretreatment severity was observed for both lines. However, there was 

no significant difference between zmcad2 and control. By applying an acid pretreatment, 10% 

more biomass was removed from zmcad2 relative to the control. These data indicate that the 

intrinsic structure of zmcad2 biomass is modified in such a way that it becomes easier to degrade 

in acidic, but not in the alkaline conditions that were used.  

After pretreatment, the residual biomass was incubated with an enzyme mixture. By 

taking into account the initial amount of cellulose in the CWR, the cellulose-to-glucose 

conversion was calculated (Figure 4 and Table S2). Biomass from zmcad2 yielded significantly 

higher cellulose conversions compared to control for almost every pretreatment condition. The 
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highest relative difference between control and zmcad2 was observed for 6.25mM NaOH 

(+24%), but even without any pretreatment, zmcad2 had a 20% higher cellulose-to-glucose 

conversion compared to control. Based on the concentration range of NaOH, increasing the 

severity of the pretreatment resulted in higher cellulose-to-glucose conversions for both control 

and zmcad2. However, the difference between zmcad2 and control lines in cellulose-to-glucose 

conversion decreased with increasing pretreatment severity and was even not significant 

anymore for the two highest concentrations of NaOH used (62.5 and 150mM). Because zmcad2 

mutants had no significant difference in cellulose content (Table 1) and only a 4% decrease in 

CWR as compared to control plants, the trends in glucose yield are largely similar when 

expressed per gram dry biomass instead of per gram CWR (Table S2). 

DISCUSSION 

The effects of mutating ZmCAD2 on lignin composition  

Klason lignin amount was reduced by 18% in zmcad2 mutants as compared to control 

plants. Based on thioacidolysis, the reduction in total lignin in zmcad2 mutants is caused by an 

equal reduction of the traditional H, G, and S units (including their acetate and p-coumarate 

esters). The traditional units are not reduced to zero in the lignin of zmcad2 mutants, thus 

additional enzymes with CAD activity must be involved in lignification. In the maize zmcad2 

mutant, ZmCAD1 and ZmCAD4 are potentially involved in the biosynthesis of the traditional 

lignin units, because their corresponding genes were shown to be significantly up-regulated in 

the internodes of this mutant (Barrière et al., 2013). 

In line with previous results, we found that zmcad2 mutants had a lower yield of thioacidolysis-

released H, G, and S units, expressed per lignin (Halpin et al., 1998; Van Acker et al., 2017). 

Such a lower thioacidolysis yield is typically interpreted to be caused by a relative increase of 

condensed linkages (8–8 and 8–5) and a relative decrease of ether linkages (8–O–4) in the lignin 
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(Halpin et al., 1998). Here, this explanation is refuted by the NMR results, which showed no 

shifts in the relative abundance of the condensed linkages and ether linkages between zmcad2 

mutants and the control. Instead, the lower thioacidolysis yield could be caused by the observed 

increased incorporation of the alternative monomers coniferaldehyde, sinapaldehyde, tricin and 

ferulic acid in zmcad2 lignin. Neither of these are part of the H+G+S-thioacidolysis yield. 

Alternatively, the shift in lignin structure changed its reactivity upon thioacidolysis, resulting 

in a lower yield. In line with this, we also found an increase in alpha-keto S units (S*) in zmcad2 

mutants. Even though these units are considered as an artifact generated during ball milling, 

their relatively higher proportion in lignin of zmcad2 mutants, hints at a different reactivity of 

this lignin type as compared to the control. 

Thioacidolysis and NMR both showed that the fraction of 8–O–4 and 4–O-coupled 

coniferaldehyde and 8–O–4-coupled sinapaldehyde were higher in the lignin of zmcad2 mutants 

as compared to the control. 4–O-coupled sinapaldehyde was not detected by NMR in the lignin 

of zmcad2 mutants and also the S dithioketal compounds derived from these structures upon 

thioacidolysis remained under the detection limit. Also, 8–8-coupled coniferaldehydes and 

sinapaldehydes remained under the detection limit via NMR. On the contrary, oligolignols with 

4–O- and 8–8-coupled sinapaldehyde (63-67) significantly increased in abundance in zmcad2 

plants, whereas oligolignols with 4–O-coupled coniferaldehyde did not (60-62; Table 3). 

Because oligolignols are a pool of metabolites with the potential to become larger lignin 

structures, shifts in lignin are often reflected in the oligolignol pool (Vanholme et al., 2012b). 

The apparent inconsistency between lignin units observed via thioacidolysis, NMR, and in the 

oligolignols, can be explained by the fact that thioacidolysis, NMR analysis, and phenolic 

profiling are complementary techniques that only provide partial insight into lignin 

composition. Based on the combined results of thioacidolysis, NMR analysis and phenolic 

profiling, we can conclude that the lignin of zmcad2 is characterized by an increased 
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incorporation of coniferaldehyde, sinapaldehyde, ferulic acid, and tricin monomers. At the same 

time, the incorporation of the total pool of sinapyl alcohol, sinapyl p-coumarate, coniferyl 

alcohol, and potentially also coniferyl acetate is decreased in zmcad2 lignin.  

Phenolic profiling reveals metabolic sinks in zmcad2 mutants 

Pathway perturbations designed for lignin engineering typically also result in severe shifts in 

the soluble phenolic metabolism (Coleman et al., 2008; Morreel et al., 2014; Vanholme et al., 

2013b; Vanholme et al., 2012a). Instead of accumulating the direct substrates of ZmCAD2, 

zmcad2 internodes mainly accumulated feruloyl hexose and sinapoyl hexose and further 

conjugates (8-33, Table 2). Hexosylation of accumulating phenylpropanoids has been 

suggested as a strategy of the plant to detoxify potentially harmful metabolites (Vanholme et 

al., 2019; Vanholme et al., 2012a; Vanholme et al., 2010b). More specifically, ferulic acid and 

sinapic acid conjugates accumulated in Arabidopsis cad6 single mutants and cad-c cad-d (cad2 

cad6) double mutants, in the naturally occurring mulberry cad1 mutant (Sekizaisou), in poplar 

downregulated for CAD1 and in tobacco downregulated for CAD2 (Dauwe et al., 2007; 

Thévenin et al., 2011; Van Acker et al., 2017; Vanholme et al., 2012b; Yamamoto et al., 2020). 

In Arabidopsis and Brassica napus, coniferaldehyde and sinapaldehyde are metabolized into 

ferulic and sinapic acid, respectively, by the enzymatic activity of 

HYDROXYCINNAMALDEHYDE DEHYDROGENASE (HCALDH, also known as 

REDUCED EPIDERMAL FLUORESCENCE 1, REF1) (Nair et al., 2004; Mittasch et al., 

2013; Emrani et al., 2015). The accumulation of feruloyl hexose and sinapoyl hexose and their 

conjugates in zmcad2 mutants, suggests the presence of a similar bio-conversion step in maize. 

In line with this hypothesis, HCALDH homologs are present in grasses and the enzymes 

encoded by the four closest HCALDH homologs in maize (RF2C, RF2D, RF2E and RF2F) 

catalyze in vitro the conversion of coniferaldehyde and sinapaldehyde into ferulic acid and 
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sinapic acid, respectively (Končitíková et al., 2015). In addition, RF2C and RF2D are relatively 

highly expressed in wild-type maize stem (Končitíková et al., 2015). This observation further 

supports the existence of the HCALDH-conversion in maize internodes. Besides the possible 

route via HCALDH, a second route to ferulic acid might occur in zmcad2 mutants. In poplar, 

CAD1 and CCR2 physically interact, and the suppression of CAD1 causes a reduction in CCR 

activity in cells that biosynthesize monolignols (Yan et al., 2019). The reduced CCR activity 

may in turn lead to the accumulation of feruloyl-CoA, and further to the de-esterification of 

feruloyl-CoA into ferulic acid and CoA (Leplé et al., 2007; Van Acker et al., 2014). Further 

research is needed to investigate the role of the proposed HCALDH candidates, whether 

ZmCAD2 interacts with CCR enzymes in maize and whether a ZmCAD2 deficiency would, 

similar to the situation in poplar, result in reduced CCR activity in maize. 

In addition, hexosylated dihydroferulic acid (68) was also found to accumulate in zmcad2 

maize, and was previously also found to accumulate in mulberry cad1 mutant and CAD1-

downregulated poplar (Van Acker et al., 2017; Yamamoto et al., 2020). This compound is the 

glycosylated form of dihydroferulic acid, which might be made via a DOUBLE BOND 

REDUCTASE (DBR) activity on either feruloyl-CoA or ferulic acid as substrate (Ibdah et al., 

2014). Apparently, a metabolic route towards dihydroferulic acid exists both in dicots (mulberry 

and poplar) and monocots (maize). However, unlike the mulberry cad1 mutant and CAD1-

downregulated poplar, syringyl lactic acid hexoside did not accumulate in zmcad2 maize. The 

enzymes involved in the biosynthesis of syringyl lactic acid are not known, but potentially a 

DBR and a hydroxylase are involved (Van Acker et al., 2017; Yamamoto et al., 2020). The 

combined findings hint that the pathway towards syringyl lactic acid is either not present or not 

activated in zmcad2 maize and, thus, showing that the detoxification route differs between 

dicots and monocots. 
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The metabolic flux of zmcad2 mutants shifted into ferulic acid and sinapic acid and their 

derivatives. Thioacidolysis showed that part of the ferulic-acid pool was incorporated in the 

lignin of zmcad2 mutants, which is consistent with the previous observations with zmcad2 

mutants and the Arabidopsis cad-c cad-d double mutant (Barrière et al., 2013; Thévenin et al., 

2011). Notably, the fraction of ferulates decorating the hemicellulose did not increase in 

abundance (Table 1). This is similar to previous findings in which either no differences or even 

a small decrease in cell-wall bound ferulate was detected in CAD-deficient maize (Barrière et 

al., 2004; Marita et al., 2003; Provan et al., 1997). This observation also suggests that a rate 

limiting step controls the biosynthetic route from the overproduced ferulic acid to hemicellulose 

ferulate (Terrett and Dupree, 2018). 

Effect of pretreatments on saccharification efficiency of zmcad2 lignocellulosic biomass 

Lignin amount and lignin composition are two factors that influence cell-wall recalcitrance 

towards saccharification (Chen and Dixon, 2007; Van Acker et al., 2013). The cellulose 

conversion without any pretreatment was increased by 20% in zmcad2, as compared to control 

samples. Because there was no significant difference in cellulose content in the zmcad2 lines 

compared with the control, the improved saccharification efficiency is most likely caused by 

the lower lignin amount (Chen and Dixon, 2007; Van Acker et al., 2017). In addition, we can 

not exclude the possibility that the altered lignin structure in the zmcad2 line affects the 

adsorption properties of cellulase onto the lignin polymer, which would further influence the 

saccharification efficiency in the mutant line (Mansfield et al., 1999; Jørgensen et al., 2007). 

The hot water pretreatment (98°C) only had a minor effect on saccharification. Notably, we 

used lower temperature than those typically used in hot water pretreatments (160-230°C), and 

which are required to dissolve the hemicelluloses into the hydrolysate to render the cellulose 
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more accessible for subsequent enzymatic saccharification (Li et al., 2014; Mosier et al., 

2005a). 

An acid pretreatment mainly hydrolyzes hemicellulosic glycosidic bonds, dissolving the 

hemicellulose and partially pre-hydrolyzing the cellulose (Gómez et al., 2014; Shuai et al., 

2010). Both acid pretreatments resulted in a severe reduction in the residual biomass, leaving 

only about 60% of the CWR of control (Figure 4). The residual biomass after acid pretreatment 

dropped even more for zmcad2, to about 54% of the CWR of the non-pretreated samples. The 

difference between control and zmcad2 biomass is indicative for the fact that zmcad2 has a 

higher fraction of acid-cleavable linkages in the cell wall. Possibly, this can be attributed to the 

fraction of acetal interunit bonds derived from the incorporation of ferulic acid into the lignin 

polymer (Figure 1) (Ralph et al., 2008; Vanholme et al., 2012a), which is higher in the zmcad2. 

Also after the acid pretreatments, the saccharification efficiency was higher for zmcad2 

compared to the control. Notably, the relative difference in saccharification efficiency between 

control and zmcad2 after acid pretreatment was in the same range (+21% for 1M HCl) or lower 

(+12% for 0.4M H2SO4) as compared to no pretreatment (+20%). This hints that the additional 

structures that were removed during acid pretreatment from zmcad2 and not from control 

samples, were either not hindering the saccharification process, or also contained a part of the 

cellulose. 

Alkaline pretreatments mainly hydrolyze ester bonds, releasing (di)ferulates that acylate 

the hemicellulose and p-coumarate, ferulate, and acetate that acylate lignin (Ralph, 2010), 

thereby loosening the linkages between hemicelluloses and lignin and causing partial 

delignification of the biomass. Moreover, alkaline pretreatments will potentially also cleave 4–

O-coupled coniferaldehyde, sinapaldehyde, syringaldehyde, and vanillin structures in the lignin 

because the (conjugated) carbonyl functionality increases the reactivity of the 8–O–4 aryl ether 

linkages towards hydrolysis (Oyarce et al., 2019; Van Acker et al., 2017). Previous studies have 



21 

  

shown that CAD-deficient plants have increased susceptibility towards alkaline pretreatment in 

several dicots (Anderson et al., 2015; Baucher et al., 1996; Ralph et al., 2001; Van Acker et 

al., 2017). In CAD1-downregulated poplars, only upon alkaline pretreatments, cellulose 

conversions were higher compared with the wild type (Van Acker et al., 2017). In control 

maize, the influence of the minute amounts of aldehyde monomers on the delignification in 

alkaline conditions is probably negligible as compared to the influence of the hydrolysis of the 

abundant ester bonds. Lignin in zmcad2 mutants has two compositional shifts with opposite 

effects on alkaline pretreatment. The increased amount of coniferaldehyde and sinapaldehyde 

units could potentially increase the delignification and solubilization after alkaline 

pretreatment, whereas the reduced amount of esterified p-coumaric acid and acetic acid in the 

cell wall would rather reduce the delignification and solubilization. The saccharification yields 

hint that these two effects level off, as the relative increase in saccharification after alkaline 

pretreatment was not higher than the increase in saccharification when no pretreatment was 

applied. The reason for the overall increased saccharification efficiency observed after alkaline 

pretreatments is likely attributable to the lower amount of lignin, not to the shifts in its 

composition. 

Although pretreatments improve the efficiency of the process, they are expensive and 

energy demanding, making them less attractive for the biorefinery. Indeed, pretreatments can 

account for up to 20% of the total capital investment needed (Aden et al., 2002). It is therefore 

highly beneficial to produce easily degradable feedstock and decrease the requirement for 

pretreatments. Notably, zmcad2 mutants displayed a higher saccharification efficiency when no 

pretreatment was used, and also after eight out of the ten thermochemical pretreatments tested. 

The actual parameters that will be used in future biorefineries are yet unknown, but will 

probably differ at several levels. First, the zmcad2 mutant and its control studied here are inbred 

lines, whereas maize hybrids are typically cultivated because of their overall higher yield and 
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performance. Second, plants were harvested at silage stage, which is a commonly used 

harvesting stage to determine genotypic effects on cell wall composition and digestibility (see 

e.g., Barrière et al., 2009; 2013; Torres et al., 2016). It is a relevant harvesting stage for maize 

when used as cattle feed, but not necessarily the stage of choice when maize is will be used as 

a dual-purpose feedstock where grains are used as food and stover for cellulosic glucose 

production. Third, we used lower temperatures and longer incubation times for the pretreatment 

than those that will likely be used in industry (Mosier et al., 2005b). In addition, we used small-

scale limited-saccharification conditions to allow a determination of the relative ease of 

saccharification; the parameters will differ from those that will be used in future industrial 

processes to maximize fermentable sugar yield. As with all models, it remains to be shown to 

what extent the maize bm1/cad2 mutants will be useful as feedstock when grown as hybrids 

and processed in an industrial setting.  

EXPERIMENTAL PROCEDURES 

Plant material 

As described previously (Barrière et al., 2013), zmcad2 (Zmcad2-m2210::Mu, Ev2210bm1) 

and control (Ev2210) were isolated by Biogemma. The plants were field-grown in 2009 at 

Clermont-Ferrand (France), eight plots per genotype, each plot containing 20–25 plants. Six 

plots were used for metabolite profiling: ear internodes (i.e., the internode below the cob) were 

harvested fourteen days after the silking stage. Hence, six biological replicates were made per 

genotype, each a pool of five internodes from different plants in a single plot. For two other 

plots, whole plants without the cob were harvested at silage stage (i.e., the kernel milk stage, 

~70% moisture content), and five individuals per genotype were randomly picked (spread over 
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these two plots). The plant material was oven-dried, milled and the resulting powder was used 

for cell-wall and saccharification analyses. 

Cell-wall analyses 

Klason lignin was determined as described previously (de Lyra Soriano Saleme et al., 2017). 

The lignin composition was analyzed with thioacidolysis as previously described (Van Acker 

et al., 2013). Crystalline cellulose content was measured using a colorimetric method as 

described previously (Voorend et al., 2016). The α-cellulose was determined as described 

previously (de Lyra Soriano Saleme et al., 2017).  

NMR 

The ELs were prepared and analyzed via NMR samples in dimethyl sulfoxide-d6/pyridine-d5 

(4:1, v/v) on a Bruker Biospin AVANCE 700 MHz spectrometer fitted with a cryogenically 

cooled 5-mm quadruple-resonance 1H/31P/13C/15N QCI gradient probe with inverse geometry 

(proton coils closest to the sample) as described previously (Kim and Ralph, 2010; Kim et al., 

2008; Mansfield et al., 2012; Van Acker et al., 2017). Volume integration of contours in HSQC 

plots was performed on data processed without linear prediction and used Bruker’s TopSpin 

4.0.7 (Mac version) software. Note that integrals are to be used for relative comparisons: they 

do not represent absolute quantification and, in particular, end-groups are substantially 

overestimated (Mansfield et al., 2012). The peaks characteristic of lignin structures were 

estimated after the contour level adjustment to achieve optimal peak separation. N=5 for control 

and zmcad2. 
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Saccharification assay 

Milled biomass (10 mg) samples were used as starting material for saccharification. 

Pretreatments were applied before saccharification. The biomass was either non-pretreated or 

pretreated for 2 h with 1 mL of either hot water (98°C), 1M HCl (80°C), 0.4M H2SO4 (80°C), 

1M NH4OH (90°C) or NaOH (6.25, 12.5, 25, 50, 62.5 or 150mM, 90°C). The residual biomass 

of the pretreated samples was subsequently washed three times with 1 mL water to obtain 

neutral pH. All samples, including those that were not subjected to a pretreatment, were 

subsequently incubated overnight at 55°C with 1 mL 70% (v/v) ethanol while shaking at 

750 rpm. Next, all samples were sequentially washed three times with 1 mL 70% ethanol and 

once with 1 mL acetone. Pellets obtained after evaporation of the solvent were weighed to 

calculate the amount of CWR (for non-pretreated samples) and residual biomass (for pretreated 

samples). The saccharification assay was performed as (Van Acker et al., 2016; Van Acker et 

al., 2013).  

Metabolic profiling  

For the zmcad2 mutant and the control, six biological replicates of the ear internode at fourteen 

days after silking were used for metabolic profiling. The samples were collected in liquid 

nitrogen and subsequently kept at -70°C. The metabolic profiling was performed as described 

previously (Eloy et al., 2017). The most significantly increased and decreased metabolites in 

zmcad2 compared to control consisted of m/z values fulfilling the following criteria: (1) 

detected in all samples of at least one genotype, (2) average normalized abundance higher than 

5000 counts, (3) ten-fold increased/decreased abundance in zmcad2 versus control and (4) 

P<0.001. Annotation of compounds was based on accurate m/z (+/- 0.02 Da), retention time, 

isotope distribution and MS/MS similarities. 
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Statistical analysis 

All statistics for cell-wall and saccharification analyses were performed using SAS Enterprise 

Guide 6® (SAS Institute Inc., USA). One-way ANOVA determinations followed by post-hoc 

Dunnett’s tests (2-sided) were applied to test for differences between zmcad2 and control. For 

metabolic profiling, the normalized peak area was first transformed (arcsinh) and then subjected 

to a two-tailed student t-test, performed in Microsoft Excel (Microsoft, Redmond, Washington, 

USA). 
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SUPPORTING INFORMATION 

Additional Supporting Information may be found online in the Supporting Information tab of 

this article: 

Figure S1. MS/MS-based annotation of compounds with a higher or lower abundance in 

zmcad2 plants compared to control plants. 

Figure S2. MS/MS-based annotation of oligolignols and dihydroferulic acid + hexose. 

Table S1. Enzyme lignin NMR data. NMR (2D HSQC) integral data for the lignin structures 

identified in the cell wall samples as shown in Figure 2. 

Table S2. Saccharification results for control and zmcad2 plants 
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FIGURES AND TABLES 

 

Figure 1. Products derived via thioacidolysis followed by trimethylsilyl (TMS) derivatization. 

Structures of the main thioacidolysis-derived compounds found in zmcad2, including the 

conventional thioacidolysis monomers that are derived from cleaving β-aryl ether structures. G 

indene and S indene are markers for the incorporation of 8–O–4-coupled coniferaldehyde and 

sinapaldehyde, respectively, whereas G dithioketal is derived from 8–O–4-coupled 

coniferaldehyde units (Kim et al., 2002; Lapierre et al., 2004). Vanillin dithioketal and 

syringaldehyde dithioketal are markers for incorporation of 4–O-coupled vanillin and 

syringaldehyde, respectively (Lapierre et al., 2004; Ralph et al., 2008). pCA-I and pCA-II are 

markers for the presence of p-coumarates in the cell wall, and FA-I and FA-II are markers for 

the presence of ferulates in the cell wall (Ralph et al., 2008). Ferulic acid as a genuine lignin 

monomer is indicated by the AG compound (Ralph et al., 2008). 
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Figure 2. 1H–13C HSQC NMR spectra from enzyme lignins of control and zmcad2 lines at 

silage stage. The genotype is indicated in the top left corner of each plot. (A) Lignin aromatic 

and double bond region. The relative signals of the S, S*, G, and G' units sum to 100%. (B) 

Lignin oxygenated-aliphatic and polysaccharide region. (C) Aldehyde region. For A, B and C, 

the colors of the contours correspond with the structures drawn. The average values for both 

control (n=5) and zmcad2 (n=5) are given, and a representative spectrum is shown. Level data 

are from uncorrected integrals only. 
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Figure 3. Metabolic pathway and structurally characterized oligolignols. (A) The main 

pathway involved in monolignol biosynthesis is shown with a grey background. The relative 

increase and decrease in metabolite abundances in zmcad2 compared to control are mapped on 

the pathway. Red and blue boxes represent metabolic classes with an increased and decreased 

abundance, respectively. Solid arrows represent enzymatic conversions for which experimental 

evidence is available, and dashed arrows represent suggested conversions. Two successive 

arrows represent two or more metabolic conversions. PAL, phenylalanine ammonia-lyase; 

TAL, tyrosine ammonia-lyase; APX/C3H, ascorbate peroxidase / p-coumarate 3-hydroxylase 

C4H, cinnamate 4-hydroxylase; 4CL, 4-coumaric acid:CoA ligase; HCT, hydroxycinnamoyl-
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CoA shikimate hydroxycinnamoyl transferase; C3'H, p-coumaroyl shikimate 3'-hydroxylase; 

CCoAOMT, caffeoyl-CoA O-methyltransferase; CCR, cinnamoyl-CoA reductase; F5H, 

ferulate 5-hydroxylase; COMT, caffeic acid O-methyltransferase; CAD, cinnamyl alcohol 

dehydrogenase; HCALDH, hydroxycinnamaldehyde dehydrogenase; SGT, UDP-

glucose:sinapate glucosyltransferase; CHS, chalcone synthase. (B) Proposed molecular 

structures of oligolignols identified via UPLC-MS (Table 5). For the structural elucidation of 

the compounds, see Figure S2. 
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Figure 4. Residual biomass after pretreatment and cellulose-to-glucose conversion. (A) 

The average amount of residual biomass, expressed per amount of cell wall residue, that is left 

over after pretreatment and washing with ethanol for control (grey bars) and zmcad2 (white 

bars) biomass (n=5). (B) The cellulose-to-glucose conversion rate is calculated based on the 

amount of glucose released after 48 h of saccharification and the total amount of cellulose (alpha 

cellulose) in the non-pretreated CWR, expressed as percentage. For A and B: The pretreatments 
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are arranged according to increasing pH. Error bars represent standard deviations. The relative 

difference between control and zmcad2, for a particular pretreatment, is given as percentage in 

black. The relative difference between a particular pretreatment and no treatment (none) for 

control and zmcad2 is given as percentage in blue and red, respectively. Statistical significances 

were determined using the Dunnett adjusted t-test (*P < 0.05, **P < 0.01, ***<0.001, ****P < 

0.0001). 
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Table 1. Cell wall and lignin composition of zmcad2 mutants. The data represent means ± 

SD (n=5). Lignin composition was analyzed via thioacidolysis. The nomenclature is explained 

in Figure 1. S/G is a ratio, all other values are expressed in μmol per gram Klason lignin. 

Boldface or underlined values indicate significantly increased or decreased values, respectively, 

as compared with those of control. For the parameters that are significantly different between 

control and zmcad2, the percentage of difference is indicated (Dunnett adjusted t-test, P<0.05). 

b.d.l., below detection limit; inf., infinite (or just very large, from division by zero). 

  control zmcad2 

% 

difference 

CWR, % dry weight 66.0 ± 2.1 63.4 ± 1.4 −4 % 

Klason lignin, % CWR 12.0 ± 1.0 9.8 ± 0.4 −18 % 

alpha cellulose, % CWR 41.7 ± 0.2 42.4 ± 1.2  

crystalline cellulose, % CWR 21.7 ± 6.0 18.0 ± 4.1  

H unit 16.7 ± 1.2 10.7 ± 0.2 −36% 

G unit 387 ± 39 252 ± 9 −35% 

S unit 477 ± 58 300 ± 14 −37% 

H + G + S units 881 ± 58 562 ± 34 −36% 

S/G ratio 1.22 ± 0.04 1.19 ± 0.01  

8–O–4-coupled coniferaldehyde (G indene) b.d.l. 2.87 ± 0.13 inf. 

8–O–4-coupled sinapaldehyde (S indene) 0.16 ± 0.03 3.35± 0.05 +1994% 

4–O-coupled coniferaldehyde (G dithioketal) 1.19 ± 0.27 2.99 ± 0.01 +151% 

p-coumaric acid (pCA-I) 88.9 ± 5.6 65.2 ± 2.3 −27% 

p-coumaric acid + ethanethiol (pCA-II) 33.4 ± 4.9 23.8 ± 1.2  

ferulic acid (FA-I) 27.7 ± 1.3 31.8 ± 2.7  

ferulic acid + ethanethiol (FA-II) 21.1 ± 3.1 23.1 ± 1.5  

bis 8–O–4 coupled ferulic acid (AG) 0.35 ± 0.11 1.64 ± 0.48 +369% 

syringaldehyde dithioketal 1.22 ± 0.30 3.81 ± 0.91 +212% 

vanillin dithioketal 3.64± 0.79 12.14 ± 2.33 +233% 
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Table 2. Phenolic profiling of zmcad2. For each compound, its unique number (No.), peak area (average ± SD, n=6) and ratio of the peak area in 

zmcad2 as compared to the control are given. 1Compounds detected as formic acid adduct. 2Vanilloyl pentosyl hexose was detected as heterodimer 

with a co-eluting compound. For the structural elucidation of the compounds, see Figure 3 and Figure S1. 

    control  
 

zmcad2 

No. RT (min) m/zexperimental  name average ± s.d.  average ± s.d. zmcad2/control 

down            

1 11.62 601.2277 S(8-O-4)G(8-O-4)G 9978 ± 672  336 ± 208 0.034 

2 19.73 777.2753 G(8-O-4)S(8-8)p-coumaroyl S 14531 ± 2700  965 ± 563 0.066 

3 7.41 583.2002 G 4-O-hexoside(8–O–4)G 1 17726 ± 2228  1196 ± 431 0.067 

4 7.43 727.2447 G 4–O–hexoside(8–5)G + hexose 1 11695 ± 1131  282 ± 201 0.024 

5 7.59 613.2108 G 4–O-hexoside (8–O–4)S 1 10030 ± 1657  646 ± 283 0.064 

6 2.35 803.2462 vanilloyl pentosyl hexose 2 10915 ± 2827  1031 ± 321 0.094 

7 11.65 817.1838 tricin + hexuronic acid + pentose + syringic acid 10062 ± 714  710 ± 501 0.071 

up            

8 5.26 355.1017 feruloyl hexose 2573 ± 3036  61049 ± 12710 24 

9 9.21 563.1399 feruloyl hexose + 208 Da 2 ± 6  26293 ± 6081 >100 

10 7.84 581.1871 feruloyl hexose + 226 Da 1333 ± 1512  29756 ± 4276 22 

11 8.15 639.1924 feruloyl hexose + hexose + 122 Da 220 ± 240  12534 ± 2773 57 

12 5.47 385.1130 sinapoyl hexose 1 16378 ± 2279  370493 ± 44073 23 

13 6.04 385.1128 sinapoyl hexose 2 1027 ± 240  42439 ± 6397 41 

14 6.28 547.1666 sinapoyl hexose + hexose 475 ± 237  37917 ± 5745 80 

15 10.92 537.1605 sinapoyl hexose + 152 Da 1 2110 ± 438  47561 ± 7372 23 

16 11.81 537.1611 sinapoyl hexose + 152 Da 2 679 ± 105  19807 ± 3319 29 

17 12.63 547.1816 sinapoyl hexose + 162 Da 4 ± 6  21874 ± 4441 >100 

18 13.12 563.1761 sinapoyl hexose + 178Da 40 ± 47  24212 ± 5285 >100 
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19 8.62 593.1510 sinapoyl hexose + 208 Da 457 ± 206  18679 ± 3556 41 

20 11.37 789.2247 sinapoyl hexose + 198 Da + 206 Da 0 ± 0  14908 ± 2511 >100 

21 13.22 591.1717 disinapoyl hexose 0 ± 0  26976 ± 6029 >100 

22 10.95 591.1718 disinapoyl hexose 1 ± 2  19012 ± 3869 >100 

23 9.16 753.2251 disinapoyl hexose + hexose 3 ± 5  34855 ± 6359 >100 

24 11.25 725.2298 sinapoyl hexose + hexose + 178Da 1 0 ± 0  20433 ± 4118 >100 

25 11.54 725.2298 sinapoyl hexose + hexose + 178Da 2 0 ± 0  13574 ± 2624 >100 

26 11.07 887.2841 sinapoyl hexose + hexose + hexose + 178Da 0 ± 0  12249 ± 3026 >100 

27 13.15 905.2745 sinapoyl hexose + sinapic acid + hexose + 152 Da 62 ± 81  42007 ± 7583 >100 

28 11.64 535.1460 sinapoyl hexose + vanillic acid 3683 ± 667  44722 ± 8313 12 

29 9.47 697.1954 sinapoyl hexose + vanillic acid + hexose 254 ± 115  57465 ± 9200 >100 

30 12.01 847.2319 sinapoyl hexose + vanilloyl hexose +  vanillic acid 0 ± 0  10918 ± 2430 >100 

31 11.50 819.2346 sinapoyl hexose + vanilloyl hexose +  122 Da 3364 ± 812  80672 ± 13703 24 

32 11.71 849.2463 sinapoyl hexose + vanilloyl hexose +  152 Da 83 ± 52  35422 ± 6545 >100 

33 10.21 723.2141 sinapoyl feruloyl hexose + hexose 117 ± 54  20651 ± 4354 >100 

34 9.69 653.2059 vanilloyl coniferyl hexoside + hexose 517 ± 246  13066 ± 2561 25 

35 2.63 299.0759 hydroxybenzoyl hexose 752 ± 128  32093 ± 4675 43 

36 15.85 389.0871 tricin + 60 Da 10 ± 14  18813 ± 2539 >100 
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Table 3. Targeted metabolites. For each compound, its unique number (No.), peak area (average ± SD, n=6) and ratio of the peak area in zmcad2 

as compared to the control are given. For the structural elucidation of the compounds, see Figure S2.  

    control zmcad2   

No. RT (min) m/zexperimental  name average ± s.d. average ± s.d. zmcad2/control p-value 

37 12.96 631.2390 G(8–O–4)S(8–O–4)S 1 10616 ± 858 1290 ± 333 0.12 <0.001 

38 13.99 631.2390 G(8–O–4)S(8–O–4)S 3 18729 ± 988 2868 ± 602 0.15 <0.001 

39 13.49 631.2390 G(8–O–4)S(8–O–4)S 2 39124 ± 2772 5937 ± 1020 0.15 <0.001 

40 14.76 583.2132 G(8–O–4)S(8–5)G 1 50780 ± 2744 8984 ± 1239 0.18 <0.001 

41 18.05 551.1921 p-coumaroyl S(8–O–4)G 10050 ± 1310 7790 ± 918 0.78 0.0054 

42 19.03 581.2025 p-coumaroyl S(8–O–4)S 9561 ± 1130 2536 ± 644 0.27 <0.001 

43 19.42 747.2656 G(8–O–4)p-coumaroyl S(8–O–4)G 1 16448 ± 2324 8050 ± 551 0.49 <0.001 

44 18.35 747.2654 G(8–O–4)p-coumaroyl S(8–O–4)G 2 17058 ± 2332 7198 ± 611 0.42 <0.001 

45 18.93 747.2657 G(8–O–4)p-coumaroyl S(8–O–4)G 3 23377 ± 3162 11146 ± 555 0.48 <0.001 

46 21.58 789.2765 acetyl G(8–O–4)p-coumaroyl S(8–O–

4)G 1 

3245 ± 1317 23 ± 29 0.01 0.001 

47 21.24 789.2767 acetyl G(8–O–4)p-coumaroyl S(8–O–

4)G 2 

597 ± 514 4 ± 9 0.01 <0.001 

48 16.87 581.2015 p-coumaroyl S(8–8)S 1 62132 ± 7056 15223 ± 2273 0.25 <0.001 

49 17.28 581.2018 p-coumaroyl S(8–8)S 2 14481 ± 1452 4701 ± 809 0.32 <0.001 

50 17.57 495.1294 tricin(4'–O–8)H 1 12602 ± 3944 10645 ± 2026 0.84 0.408 

51 18.31 495.1293 tricin(4'–O–8)H 2 9193 ± 3280 8215 ± 1826 0.89 0.698 

52 17.96 525.1405 tricin(4'–O–8)G 1 112073 ± 14089 82949 ± 7507 0.74 0.001 

53 18.70 525.1401 tricin(4'–O–8)G 2 82995 ± 12218 61481 ± 6041 0.74 0.003 

54 16.11 721.2123 tricin(4'–O–8)G(4–O–8)G 3 14380 ± 2481 3635 ± 769 0.25 <0.001 

55 16.37 721.2136 tricin(4'–O–8)G(4–O–8)G 1 10671 ± 2147 2745 ± 532 0.26 <0.001 

56 16.81 721.2134 tricin(4'–O–8)G(4–O–8)G 2 30414 ± 4657 9245 ± 1160 0.30 <0.001 

57 22.09 567.1501 tricin(4'–O–8)acetyl G 19056 ± 5127 4907 ± 712 0.26 <0.001 
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58 20.25 763.2244 tricin(4'–O–8)acetyl G(4–O–8)G 1 11199 ± 1444 113 ± 71 0.01 0.002 

59 20.99 763.2244 tricin(4'–O–8)acetyl G(4–O–8)G 2 2041 ± 359 39 ± 32 0.02 0.004 

60 20.81 745.2490 G(8–O–4)p-coumaroyl S(8–O–4)G' 3290 ± 1336 3699 ± 790 1.12 0.411 

61 20.97 775.2604 S(8–O–4)p-coumaroyl S(8–O–4)G'  1291 ± 451 164 ± 80 0.13 <0.001 

62 23.01 787.2603 acetyl G(8–O–4)p-coumaroyl S(8–O–

4)G' 

1245 ± 676 241 ± 247 0.19 0.007 

63 20.75 579.1867 p-coumaroyl S(8–O–4)S' 861 ± 171 5778 ± 1563 6.71 <0.001 

64 21.28 775.2614 G(8–O–4)p-coumaroyl S(8–O–4)S' 1543 ± 717 4401 ± 780 2.85 0.003 

65 21.53 775.2604 G(8–O–4)p-coumaroyl S(8–O–4)S' 1307 ± 422 5720 ± 1145 4.38 <0.001 

66 21.81 775.2605 G(8–O–4)p-coumaroyl S(8–O–4)S' 234 ± 173 3754 ± 1035 16.02 0.016 

67 12.25 413.1222 S'(8–8)S' 0 ± 0 448 ± 374 >100 - 

68 4.65 357.1179 Dihydroferulic acid + hexose 1349 ± 248 7317 ± 671 5.43 <0.001 

 

 


